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Abstract

Environmental DNA (eDNA) detection methods can complement traditional biomonitoring to yield new ecological insights
in aquatic systems. However, the conceptual and methodological frameworks for aquatic eDNA detection and interpretation
were developed primarily in freshwater environments and have not been well established for estuaries and marine environ-
ments that are by nature dynamic, turbid, and hydrologically complex. Environmental context and species life history are
critical for successful application of eDNA methods, and the challenges associated with eDNA detection in estuaries were
the subject of a symposium held at the University of California Davis on January 29, 2020 (https://marinescience.ucdavis.
edu/engagement/past-events/edna). Here, we elaborate upon topics addressed in the symposium to evaluate eDNA methods
in the context of monitoring and biodiversity studies in estuaries. We first provide a concise overview of eDNA science and
methods, and then examine the San Francisco Estuary (SFE) as a case study to illustrate how eDNA detection can complement
traditional monitoring programs and provide regional guidance on future potential eEDNA applications. Additionally, we offer
recommendations for enhancing communication between eDNA scientists and natural resource managers, which is essential
for integrating eDNA methods into existing monitoring programs. Our intent is to create a resource that is accessible to those
outside the field of eDNA, especially managers, without oversimplifying the challenges or advantages of these methods.
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Introduction

Environmental DNA (eDNA) capture methods provide
organism detection data that can inform critical manage-
ment decisions (Jerde 2019). There is a growing potential
for information derived from eDNA detections of organ-
isms to be generated more extensively and used in decision
making in estuarine systems, many of which are in need of

Communicated by Kenneth L. Heck

Raman P. Nagarajan and Mallory Bedwell: these authors
contributed equally.

P< Raman P. Nagarajan
rpnagarajan @ucdavis.edu

< Mallory Bedwell
Mallory_boro@fws.gov

Extended author information available on the last page of the article

Published online: 25 June 2022

new monitoring tools to help address difficult management
challenges (Cloern et al. 2016a). Here, we focus primarily
on eDNA isolated from water, but we note that eDNA meth-
ods also may be useful in analysis of soil and aquatic sedi-
ments (e.g., Turner et al. 2015), which in estuaries includes
exposed tidal areas and benthic habitats.

This paper is intended for both eDNA scientists and
non-specialists, including managers who might be con-
sidering eDNA methods in their monitoring programs.
Because an accurate understanding of what eDNA is
and how it can be detected is essential for evaluating its
potential usefulness in management (Hansen et al. 2018;
Sepulveda et al. 2020c), we first provide a primer on the
basics of eDNA science and methodology. Following this
foundational knowledge, we investigate the potential for
eDNA methods to support estuarine management. The San
Francisco Estuary (SFE) is used as an example for discus-
sion of the considerations and challenges of eDNA methods
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although each estuary is unique and should be considered
independently. Finally, because we have observed that mis-
conceptions and lack of communication between eDNA
scientists and managers can hinder accurate understanding
of eDNA methods, we make general recommendations to
improve communication between these two groups.

A Brief Guide to eDNA Science and Methods

“Environmental DNA” is not a method; it is mixture of
DNA molecules that can be detected by multiple, con-
tinually evolving technologies (Lacoursiére-Roussel and
Deiner 2019). DNA molecules that are shed, excreted,
or otherwise derived from organisms and left behind in
the environment comprise eDNA. The environment can
be water, soil, air, and the DNA can originate from liv-
ing or dead organisms. Here, we mostly focus on detec-
tion of extra-organismal DNA shed from species, but we
note recent discussions in the literature re-emphasizing
that “eDNA” includes all DNA in an environmental sam-
ple, including that derived from whole microorganisms as

well as microscopic life stages of macroorganisms (e.g.,
veliger larvae of mollusks) (Pawlowski et al. 2020, 2021,
Rodriguez-Ezpeleta et al. 2021). This distinction is more
than just semantic, as interpreting species presence indi-
rectly via extra-organismal eDNA detection presents more
challenges than direct detection from whole and sampled
individuals (Rodriguez-Ezpeleta et al. 2021).
Environmental DNA detection methods are divided into
those detecting single or a small number of species, and
those focused on whole communities (environmental meta-
barcoding or metagenomics). The origins and mechanics of
eDNA, and how to most efficiently and accurately detect it,
remain areas of active research due to the dynamic effects
of biological and environmental processes. Overall, the field
is developing an understanding of when and how protocols
can be standardized and when specialized approaches are
needed. Several recent reviews have provided authoritative
guidance on broad conceptual and methodological topics
related to eDNA (Barnes and Turner 2016; Goldberg et al.
2016; Tsuji et al. 2019; Deiner et al. 2021); see Table 1 for
recommended review papers and online eDNA resources.

Table 1 Representative list of eDNA review articles since 2015 and online resources

Reference or URL Title

DOI

Barnes and Turner (2016)
conservation genetics

Deiner et al. (2021)
utilizing environmental DNA

Goldberg et al. (2016)

The ecology of environmental DNA and implications for
The future of biodiversity monitoring and conservation

Critical considerations for the application of environmental

https://doi.org/10.1007/s10592-015-0775-4
https://doi.org/10.1002/edn3.178

https://doi.org/10.1111/2041-210X.12595

DNA methods to detect aquatic species

Hansen et al. (2018)

The sceptical optimist: Challenges and perspectives

https://doi.org/10.1111/faf. 12286

for the application of environmental DNA in marine

fisheries
Harrison et al. (2019)

Predicting the fate of eDNA in the environment and

https://doi.org/10.1098/rspb.2019.1409

implications for studying biodiversity

Jerde et al. (2019)
from eDNA?

Stewart (2019)

Can we manage fisheries with the inherent uncertainty

Understanding the effects of biotic and abiotic factors on

https://doi.org/10.1111/jfb.14218

https://doi.org/10.1007/s10531-019-01709-8

sources of aquatic environmental DNA

Thomsen and Willerslev (2015)

Environmental DNA-an emerging tool in conservation

https://doi.org/10.1016/j.biocon.2014.11.019

for monitoring past and present biodiversity

Tsuji et al. (2019)

The detection of aquatic macroorganisms using

https://doi.org/10.1002/edn3.21

environmental DNA analysis—A review of methods for
collection, extraction, and detection

https://pubs.usgs.gov/fs/2012/3146/
(Pilliod et al. 2013)

https://ednaresources.science/

https://edna.fisheries.org/ eDNA Clearinghouse
https://www.estuarydna.org/ Estuaries eDNA
https://edna-validation.com/ eDNA Validation Scale
https://labs.wsu.edu/edna/ eDNA Toolbox
https://www.fs.fed.us/rm/boise/AWAE/ eDNA Atlas

projects/eDNAtlas/the-edna-atlas-
results.html

Application of Environmental DNA for Inventory and
Monitoring of Aquatic Species

https://doi.org/10.3133/fs20123146

eDNA Information and Resources
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Here, we summarize the most important aspects of eDNA
science and method development as they relate to estuar-
ies. We define estuaries as marine, brackish, and freshwater
environments subject to both oceanic and riverine influence,
with the acknowledgment that estuaries vary enormously in
terms of size, hydrogeography, anthropomorphic influence,
and other important characteristics.

Environmental DNA Origins and Dynamics

Macroorganisms release eDNA into their surroundings
(Ficetola et al. 2008) primarily through feces and urine, epi-
thelial cells in external mucus, sloughed scales, and gametes
(Barnes and Turner 2016; Stewart 2019). This type of eDNA
co-occurs in environmental samples along with intact micro-
organisms (containing their own DNA), for example phy-
toplankton and zooplankton in aquatic samples. Since the
size and physical properties of the cells or particles impact
the physical properties of the eDNA, like transport and
degradation, data on eDNA particle size provide important
foundational information. For microorganismal eDNA, the
cell sizes are generally known a priori. In contrast, aquatic
eDNA from macroscopic aquatic organisms exists in several
possible physical states: multicellular pieces of tissue, single
cells, organelles, free extracellular DNA, or any of these
bound to other particles. To date, there are very limited pub-
lished data on macroorganismal eDNA particle size ranges.
The size distribution of particles containing the most abun-
dant fish eDNA in two freshwater studies ranged between 1
and 10 pm (Turner et al. 2014; Wilcox et al. 2015). In con-
trast, eEDNA concentrations were highest in the 0- to 0.2-um
particle size range for an aquatic invertebrate (Moushomi
et al. 2019). Environmental conditions, including chloro-
phyll and turbidity, can affect the observed eDNA particle
size distribution (Barnes et al. 2021). Similarly, the rate of
eDNA shedding is context dependent and can be affected
by both biotic and abiotic factors; for example, the life his-
tory, biomass, or density of the target organism and water
temperature (Klymus et al. 2015; Lacoursiere-Roussel et al.
2016; Sassoubre et al. 2016). In addition to shedding rate,
the amount of eDNA at a specific location is dependent
on degradation, which reduces eDNA concentrations, and
transport, which can both reduce eDNA at its source and
concentrate it away from its source (Andruszkiewicz et al.
2020; Thalinger et al. 2020b).

Environmental DNA can be transported from its point
of origin by diffusion and advection. Its transport dynamics
differ from conservative tracers (substances used to track
water flow that do not degrade or change) and are more
consistent with heterogenous particles that vary in size,
degrade over time, and can also bind to substrates (Jerde
et al. 2016; Fremier et al. 2019). In freshwater lotic systems,
differences in hydrology and residence time of organisms

result in maximum detection distances ranging from <5 m
to> 100 km (Deiner and Altermatt 2014; Pilliod et al. 2014;
Jane et al. 2015; Shogren et al. 2017; Pont et al. 2018).
Despite this wide range, eDNA transport in these systems
can be modeled effectively and is perhaps surprisingly pre-
dictable. First, modeling eDNA as fine particulate organic
matter (FPOM) and integrating location-specific hydrologi-
cal information allows accurate prediction of the distance
of detection in rivers, with deep and fast rivers transporting
eDNA farther than shallower ones (Pont et al. 2018). Second,
using a bidirectional hydrodynamic model that includes both
downstream advection as well as lateral mixing can work
well in a large river, explaining positive detections directly
downstream of an eDNA source but negligible detections
laterally near the source (not directly downstream) (Laporte
et al. 2020). There are fewer studies on transport in marine
systems, but there are data supporting both limited dispersal
in nearshore environments (Kelly et al. 2018) and eDNA
transport up to 4 km from its source (Baker et al. 2018).
Marine particle tracking models predict that dispersal is pos-
sible up to tens of kilometers (Andruszkiewicz et al. 2019).
In low-flow marine conditions, low levels of mixing can cre-
ate a steep eDNA concentration gradient decreasing away
from the source (Eble et al. 2020). For example, in a kelp
forest, different species assemblages at habitats separated
by as little as 60 m could be effectively discriminated (Port
et al. 2016). These findings mirror data from freshwater
lentic systems, where limited detection at>40 m has been
observed (Dunker et al. 2016; Goldberg et al. 2018).

Similar to eDNA shedding, eDNA degradation is impacted
by biotic and abiotic factors including eDNA state, tempera-
ture, binding to substrate biofilms, and the length and confor-
mation of the DNA molecules (Barnes et al. 2014; Strickler
et al. 2015; Eichmiller et al. 2016; Shogren et al. 2018; Jo
et al. 2019). Generally, eDNA degrades more slowly in cold,
alkaline aquatic conditions with low solar ultraviolet B (UV-
B) radiation (Pilliod et al. 2014; Strickler et al. 2015). Micro-
bial-mediated eDNA degradation and extracellular enzymes
like nucleases are also important for decay dynamics; these
can vary between habitats and are related to abiotic factors
like temperature (Barnes et al. 2014; Harrison et al. 2019).
Environmental DNA decay in marine and brackish water has
shown similar rates compared to freshwater, although persis-
tence times seem to be lower for unknown reasons (Hansen
et al. 2018).

Environmental DNA Capture and Analysis

The collection of aquatic eDNA samples can be relatively
straightforward but requires optimization. Several pub-
lished guides describe best practices for eDNA studies
(e.g., Goldberg et al. 2016; Kumar et al. 2020). Environ-
mental DNA must be concentrated from water because it
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is usually too dilute for in situ detection. Filtration is a
common method for concentrating eDNA. Precipitation
and centrifugation are also used; flocculation, a method
for coagulating particles, has recently been described
(Schill 2020). Filtration is performed in the field or labo-
ratory, usually within 24 h of sample collection to reduce
the amount of eDNA degradation. Replicate samples are
used to characterize variability, increase detection, and
improve occupancy and detection rate estimates. Many
crucial elements of eDNA field sampling (e.g., filter type)
are best selected for specific applications (Rees et al.
2014; Mize et al. 2019); standardization within a project
is crucial but between projects different field sampling
approaches, optimized to local conditions, may be needed.
These approaches should be determined based on spatial
and temporal ecology of the target species, environmental
conditions, logistical constraints, and project goals. Ideally,
the sampling design maximizes the probability of detec-
tion, minimizes the associated time and cost, and reduces
the probability of sample contamination to near zero.

After sample collection, the eDNA must be extracted
from the sample and targeted genetic regions or “barcodes”
are amplified. DNA extraction should be performed in a ded-
icated eDNA space with appropriate contamination control
measures (Goldberg et al. 2016). Next, short single strands
of DNA (primers) designed to match DNA from the target
taxa are used in polymerase chain reaction (PCR) to create
millions of copies of a discrete region of DNA (barcode).
Molecular detection methods diverge into two types: tar-
geted single-taxon detection and metabarcoding. Targeted
detection often focuses on a single species while multiplex
reactions simultaneously detecting several species (Brandl
et al. 2015) or detecting a broader taxonomic group without
distinguishing species are also possible. Metabarcoding has
the potential to detect and identify a large diversity of taxa
in parallel (often to species level) across a taxonomic group
such as fish (Miya et al. 2015) or many groups within a
domain (Leray et al. 2013).

There are multiple molecular methods for targeted detec-
tion. The most frequently used is probe-based quantitative
PCR (qPCR), in which a specific target DNA sequence is
amplified and detected with a fluorescent indicator. If a
positive control standard curve is used, qPCR can provide
estimation of the absolute quantity of the targeted DNA
sequence. As a molecular method, JPCR is well established,
robust, reliable, and is used in a wide range of applications
from medical diagnostics to food safety. Best practices are
well documented (Bustin et al. 2009; Forootan et al. 2017)
and are being adapted for eDNA (Klymus et al. 2020; Lesperance
et al. 2021). Empirical determination of assay limits
is recommended for complete assay validation (Klymus et al.
2020; Thalinger et al. 2020a). In some cases, rapid detec-
tion of eDNA is possible in the field using a portable gPCR
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analysis platform (Sepulveda et al. 2018; Thomas et al.
2020). Another quantitative method, digital PCR (dPCR),
separates a PCR reaction into many partitions, with each
partition undergoing amplification independently, allowing
accurate estimation of DNA abundance even at low con-
centrations. In direct comparisons, dPCR has consistently
outperformed qPCR in terms of sensitivity and accuracy of
quantification (Doi et al. 2015; Jerde et al. 2016; Hunter
et al. 2017; Mauvisseau et al. 2019; Wood et al. 2019). New
methodological innovations are now appearing regularly,
including the application of CRISPR enzyme-based assays
(Williams et al. 2021) and methods for detection of envi-
ronmental RNA (eRNA), which might increase spatiotem-
poral accuracy and discriminate between the presence of
living vs. dead organisms (Pochon et al. 2017; Cristescu
2019; von Ammon et al. 2019) as well as encoding other
genetic and ecological data with great potential, beyond taxa
identification (Tsuri et al. 2021; Yates et al. 2021). Further-
more, eRNA data, in conjunction with host specific immune
system responses, could potentially indicate disease status
before histopathological effects are observed (Connon et al.
2012; Mordecai et al. 2019; Teffer et al. 2019, 2020).

In contrast to the targeted methods described above, meta-
barcoding uses high-throughput DNA sequencing to detect
hundreds to thousands of taxa from a single sample. There
are several important differences to note between these two
general approaches. For metabarcoding, sample preparation,
sequencing, and bioinformatic data analysis can take weeks
to months compared with hours for gPCR. However, unlike
targeted detection, metabarcoding can detect species which
may not be known from an area, an important considera-
tion for invasive species monitoring. When benchmarked to
traditional survey methods, metabarcoding has repeatedly
demonstrated good concordance, although there are method-
specific biases to consider, as exist for every gear type used
for traditional surveys (Kelly et al. 2019). For fish assem-
blages of less than 100 species, estimates of species richness
using metabarcoding are consistently similar or better than
traditional survey methods (McElroy et al. 2020).

One key factor currently limiting the broader application
of metabarcoding is the patchy availability of high-quality
reference sequences for many organisms. Metabarcod-
ing analysis uses reference genetic sequences (barcodes)
matched to both organism and gene. Incomplete databases or
reliance on barcodes with insufficient genetic diversity can
lead to errors in taxa assignment. Curated and comprehen-
sive genetic reference sequence databases are time consum-
ing to compile but allow for species-level taxonomic resolu-
tion and are generally more accurate (Schenekar et al. 2020;
Stoeckle et al. 2020). Broad taxonomic assignments can be
made using phylogenetic methods to identify “features” in
a community without requiring species identification. For
detecting multiple species across a range of taxa, sequencing
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multiple different barcodes can provide a robust assessment
of the full array of species present (Stat et al. 2017) and can
map total community similarity over space, which allows
reassessment of habitat classifications and identification of
ecotones (Lin et al. 2021).

Both targeted detection and metabarcoding can provide
quantitative estimates of the starting number of eDNA mol-
ecules derived from a specific macroorganism in an envi-
ronmental sample, and a growing literature indicates that
eDNA-derived estimates of organism abundance and biomass
may be possible under some circumstances (Rourke et al.
2022; Spear et al. 2021). However, more refinement is needed
before this approach is ready for field application and accu-
racy may vary widely between species, in different habitats,
and between assays (Sepulveda et al. 2021); methods should
be tested rigorously in the natural environment in addition
to mesocosm experiments (Yates et al. 2019). Metabarcod-
ing has generally been understood to be semi-quantitative
for abundance or biomass (Taberlet et al. 2018), but many
studies are increasingly showing quantitative results once
methods have been optimized (e.g., Kelly et al. 2019). Meta-
barcoding methods optimization using mock communities
of known DNA mixtures, mesocosm studies, and new bioin-
formatic approaches can decrease or correct for biases intro-
duced by the molecular workflow (e.g., primer bias) (Collins
et al. 2019; Kelly et al. 2019; McLaren et al. 2019).

Data interpretation

Interpretation of indirect detections and non-detections as are
obtained using eDNA methods is necessarily more nuanced
compared with direct detection (Darling and Mahon 2011).
Inference potential is directly related to sampling design and
how methods are administered. Positive detections can result
from the organism of interest present nearby at the time of
sampling, or from other, more indirect sources (e.g., preda-
tor waste, upstream habitats, wastewater effluent, fish trans-
ported by commercial or recreational fishers). A sample-level
false-positive detection (“false-positive test”) should be inter-
preted and reported differently from a “presumed positive
site,” i.e., when a positive eDNA detection is not confirmed
by a non-eDNA detection (Darling et al. 2021). The rate of
false-positive tests can be nearly eliminated by following rig-
orous cleanliness guidelines and collection and analysis of
quality assurance-quality control (QA-QC) samples in both
the field and laboratory (Goldberg et al. 2016; Sepulveda
et al. 2020a). For presumed positive sites lacking non-eDNA
detection confirmation, the potential mechanisms leading to
the discrepancy (e.g., horizontal eDNA transport) should be
investigated and communicated clearly to managers and non-
eDNA experts. As with other methods, non-detection does
not prove the target taxon is absent. False-negative detections
can be decreased through appropriate replication at several

levels, including spatial, temporal, and by including sufficient
field sample and PCR replicates (see Rees et al. 2014). Com-
prehensive assay optimization, taking into account the target
organism and field conditions, can also reduce the false-
negative rate. Therefore, non-detections should generally be
interpreted with caution until methods have been tested under
a range of conditions (Mahon et al. 2013).

Environmental DNA studies can make use of modeling
to estimate species occurrence. Modeling can be used to
account for uncertainty (false negatives) bounded within a
given statistical error. For example, in occupancy modeling,
detections of target organisms are identified as a biased esti-
mate of the true count (Royle et al. 2005). Each survey is
classified as detection or non-detection of the target organ-
ism and the model accounts for imperfect detection (i.e.,
false negatives) that are inherent in all survey methods. For
eDNA, both sampling and laboratory processes contribute to
imperfect detection and can be modeled using a multilevel
occupancy model (Schmidt et al. 2013; Hunter et al. 2015;
Dorazio and Erickson 2018). Although most models have
focused more on false negatives, there are also published
occupancy models more carefully assessing false-positive
errors (sample-level false-positive detections, or “false-
positive tests,” as discussed above) (Tingley et al. 2021).
Environmental DNA occupancy models and other modeling
approaches can in turn be used to inform sampling design and
improve detection probability. For example, detection prob-
ability by distance can be estimated using enclosure stud-
ies (Schumer et al. 2019a). Models that directly estimate the
effect of predictors (e.g., environmental factors like salinity
or experimental differences like sampling volume) on eDNA
detection can improve data analysis and inform experimental
design. The artemis R package (https://fishsciences.github.io/
artemis/index.html) is one such model, developed and tested
in the SFE specifically for eDNA gqPCR requirements (Espe
et al. 2022). The analytical framework accommodates biases
such as those that arise from qPCR “censored” data, when the
amount of detected eDNA occurs at or below the threshold
of detection for an assay (Espe et al. 2022). Purposefully
designing studies under realistic circumstances is particu-
larly important for management applications of eDNA data
and can aid decision making by quantifying uncertainty in
survey results.

Environmental DNA Sampling in Estuaries

Estuarine hydrology varies greatly and can be dynamic in
space and time, creating challenges for eDNA detection and
interpretation. In a large river-dominated estuary, physical
processes such as variation in freshwater flow and tide are
year-round drivers of chemical and biological processes
(Kimmerer 2004). Smaller estuaries may see only seasonal
freshwater input, resulting in high water residence times and
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periodic hypersaline conditions (Cloern et al. 2016a). Both
unidirectional flow and tidal action in estuaries transport
eDNA from its source, increasing the possibilities for eEDNA
dispersal from its origin. Particle tracking models have been
used to characterize estuarine hydrology (e.g., https://water.
ca.gov/Library/Modeling-and-Analysis/Bay-Delta-Region-
models-and-tools/Delta-Simulation-Model-II), but studies
integrating these models with eDNA have not yet been pub-
lished in the context of estuaries. While water mixing and
shorter water residence times may create the opportunity
for essentially independent samples to be collected from the
same location daily (Tillotson et al. 2018), drought condi-
tions may alter this dynamic by increasing water residence
times (Cloern et al. 2016b). Sampling design and interpreta-
tion of eDNA detection would greatly benefit from an under-
standing of estuarine hydrodynamics.

Estuaries experience high and variable turbidity more
often than most freshwater and marine environments. Sus-
pended particles may contain compounds that inhibit PCR
(Matheson et al. 2010) and can limit water filtration volumes
as filters become clogged with particulate matter; eDNA may
also bind to particulate matter (Barnes et al. 2021). PCR inhi-
bition can often be eliminated or significantly reduced using
DNA extraction methods that include inhibition removal
(e.g., DNeasy PowerWater or PowerSoil Pro Extraction (Qia-
gen, Valencia, CA USA)) or with a post-extraction inhibitor
removal (e.g., OneStepPCR Inhibitor Removal Kit (Zymo
Research, Irvine, CA, USA)). Filter clogging, on the other
hand, remains a major challenge for eDNA sampling in tur-
bid environments but can be ameliorated with specialized
approaches such as multi-filter protocols (Hunter et al. 2019).

Although most published aquatic eDNA studies have been
performed in freshwater and marine habitats, more estuarine-
focused studies are starting to appear. For example, the eEDNA
(qPCR) detection probability of endangered tidewater goby
(Eucyclogobius newberryi) was doubled compared with seine
sampling in estuarine, lagoon, and slough habitats in coastal
California and Oregon (Schmelzle and Kinziger 2016). In
another study, three vulnerable manatee species (Trichechus
spp.) were detected by eDNA qPCR and droplet digital PCR
in multiple locations that included turbid estuary systems;
eDNA detection estimates were found to be higher than
aerial survey data (Hunter et al. 2018). Metabarcoding sur-
veys of fish in the lower Hudson River Estuary, USA, had
similar patterns of species detection (including seasonality
and habitat preference) compared with 12 traditional moni-
toring surveys (Stoeckle et al. 2017). In a study that included
three different river estuaries in the UK, the best-performing
metabarcoding primer set/barcode (12S MiFish-U) detected
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more marine/estuarine fish species compared to traditional
surveys at the estuarine sites; the authors noted that barcode
and primer selection are critical for obtaining accurate and
reproducible results (Collins et al. 2019). In the Pearl River
Estuary in southern China, metabarcoding detected 32% more
fish species compared with bottom trawling (Zou et al. 2020).
Finally, a comprehensive metabarcoding analysis of 25 water-
sheds in Japan detected 290 fish species and reported that
latitude and water temperature influence both river-mouth
and coastal-sea fish community structure (Kume et al. 2021).
Taken together, the results from these estuarine eDNA studies
are highly encouraging and suggest that non-invasive eDNA
methods can complement traditional survey methods. In sup-
port of this interpretation, a meta-analysis of published eDNA
metabarcoding studies in natural aquatic environments found
that, when analyzed collectively, eDNA metabarcoding and
conventional surveys provided similar fish species richness
estimates, including in estuaries (McElroy et al. 2020).

In addition to benchmarking eDNA methods to other
survey methods, a handful of publications are starting to
improve our understanding of some of the species-specific,
environmental, and methodological considerations for eEDNA
in estuarine environments. For example, a study aiming to
detect the invasive European green crab (Carcinus maenas)
in a salt marsh system found that life stage is a critical deter-
minant, with ovigerous individuals shedding significantly
more eDNA than non-reproductive individuals (Crane et al.
2021). At the community level, salinity and temperature
(used as a proxy for water mass) explained most of the vari-
ation in eDNA metabarcoding assemblages across sites and
tides in the Hood Canal estuary near Seattle, USA (Kelly
et al. 2018). Another study evaluated and optimized meth-
ods for Chinook salmon (Oncorhynchus tshawytscha) eDNA
detection in the SFE using combined samples of estuarine
water and water from tanks containing salmon (Sanches and
Schreier 2020). In the large Elbe River estuary in Germany,
eDNA metabarcoding revealed that tidal flows influenced
species detection: downstream sampling locations were
similar to sites further upstream during low tide, but species
composition changed at the downstream sites at high tide
(Schwentner et al. 2021). Other eDNA approaches such as
indirect detection using sediment eDNA (e.g., Chariton et al.
2015; Lallias et al. 2015) and direct detection of plankton
(Abad et al. 2016; Jungbluth et al. 2021) have been used in
estuaries. Taken as a whole, the estuarine eDNA literature
is limited, but growing. Additional work is needed, espe-
cially considering the wide diversity of estuary environments
around the world, but the publications described above pro-
vide starting points for future studies.
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Environmental DNA and Management
Challenges in the San Francisco Estuary

Potential for eDNA Methods in the San Francisco
Estuary

The San Francisco Estuary (SFE) in California, USA, is the
largest estuary on the Pacific coast of North America, includ-
ing a large inland delta (Fig. 1). Like many other estuaries
located near urban centers, the SFE has been heavily altered by
human activity. In this system, resource managers must balance
the need for water exports to other parts of the state with the
sustainment of the ecosystem for native endangered species
(Luoma et al. 2015). Because of the many anthropomorphic
alterations to the estuary and its connected watershed, there
are specific challenges that need to be understood to improve
its management. For example, the seasonal flow of freshwa-
ter into the estuary has become more variable and is severely
reduced during periods of extreme drought. These fluctua-
tions need to be managed with the extensive infrastructure
consisting of pumps and canals in the south Delta that trans-
port freshwater for agriculture in California’s Central Valley
and drinking water for Southern California. Due in large part

Fig.1 The San Francisco Estuary (SFE) which includes a large
inland delta. The figure shows water depth (blue shading), representa-
tive traditional (non-eDNA) monitoring locations (light gray dots),
and wetland habitat restoration sites (green). There is extensive tra-
ditional monitoring throughout the region and eDNA monitoring
could supplement these efforts, both concurrently to improve detec-
tion efficiency and also to expand monitoring both temporally and
spatially in a cost- and resource-effective manner. Current traditional

to water management in the Delta, a sharp decrease in abun-
dance has been documented in several native and introduced
fish species, termed the pelagic organism decline (Sommer
et al. 2007), and some fishes, like the federally threatened delta
smelt (Hypomesus transpacificus), are now perilously close
to extinction (Hobbs et al. 2017). This loss is compounded by
the multiple waves of invasive species that have entered the
SFE (Simberloff 2021). To help address these challenges, a
key SFE resource planning document, the 2017-2021 Science
Action Agenda (https://scienceactionagenda.deltacouncil.ca.
gov/) has prioritized modernization of monitoring as well as
the development of tools for evaluating the success of habitat
restoration programs.

Environmental DNA detection methods could assist in
modernization of monitoring in the SFE. Currently, several
agencies at the state and federal level collectively operate
multiple monitoring programs that provide essential data
for SFE management, although some areas remain under-
sampled (Stompe et al. 2020; Fig. 1). Species type and
abundance is monitored by partially overlapping surveys
using trawls, beach seines, gill nets, fyke traps, and screw
traps. At this time, eDNA methods are likely to complement
rather than replace all traditional monitoring, in part because

monitoring is more concentrated in the deepest areas of estuary, while
restoration efforts are located in shallower regions. Environmental
DNA (eDNA) surveys might be especially beneficial in the expansive
shallow regions of the Delta. For shallow or marshy areas that cannot
be sampled from shore, eDNA collection using small, shallow-draft
boats like canoes or air boats would be ideal to avoid disturbing sedi-
ments and possibly resuspending settled eDNA
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some critical demographic information (e.g., organism size
and developmental stage) cannot be determined by eDNA
methods alone (Hansen et al. 2018). However, many spe-
cies and habitats can be more effectively monitored using
eDNA methods than with traditional methods, especially
in habitats that are hard to access or may be missed due to
sampling inefficiency. Furthermore, in addition to targeted
(single species or a few taxa) eDNA assays, metabarcoding
approaches could also complement existing monitoring and
directives. This might include detection of fish, invertebrate,
phytoplankton, and microbial assemblages by metabarcod-
ing; assisting with planning and evaluation of large-scale
management actions; and assessment of habitat restoration
success. One of the benefits of aquatic eDNA sampling is
the ability to sample for many different species that live in
and around water simultaneously, potentially increasing
sampling efficiency and use of limited agency resources.
Another key benefit is that eEDNA sampling is non-invasive,
which can be especially relevant for listed species when take
is a consideration.

With numerous and diverse taxa to survey, managers who
work within the SFE often must prioritize resources based
on requirements and mandates from government agencies.
For example, recently, the California Department of Water
Resources (DWR) received management mandates as part of
their 2020 Incidental Take Permit (ITP) from the California
Department of Fish and Wildlife to operate the State Water
Project and deliver water to contractors across the state.
According to this document, DWR must provide support,
funding, and resources to long-term fish monitoring pro-
jects, including those focused on delta smelt, longfin smelt
(Spirinchus thaleichthys), and Spring-run and Winter-run
Chinook salmon (Oncorhynchus tshawytscha), as well as
support reintroduction and restoration work. Other federal
mandates that cover the endangered and threated SFE spe-
cies listed above, as well as Southern Distinct Population
Segment Green Sturgeon (Acipenser medirostris), include
the 2019 U.S. Fish and Wildlife Service Biological Opinion,
the 2019 U.S. Bureau of Reclamation Biological Assess-
ment, and the 2019 National Marine Fisheries Service
Biological Opinion. These designated species would be
well-suited candidates for eDNA studies because of their
designation across multiple conservation plans and monitor-
ing directives.

Determining High-Priority SFE Species for eDNA
Assessment
To identify monitoring needs for specific SFE species and

taxonomic groups that could benefit from eDNA monitor-
ing, we conducted an informal online survey of regional
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managers and scientists working in government agen-
cies (Fig. 2 and Supplemental File). For the survey, we
did not disclose that this was for assessing an application
specific to eDNA detection of species because we did not
want to bias responses from participants based on what
they thought is possible to detect from eDNA. Respond-
ents were asked to list up to 10 species in the SFE that they
are most concerned with, in no particular order and of no
particular origin, status, or taxa. We received responses
from 37 individuals representing 10 different agen-
cies, both state and federal (Supplemental File). A total
of 77 different species were identified, with more specific
details such as run type or distinct population segment
added into the overall species count. The three most fre-
quently suggested species were fishes: Chinook salmon
(Oncorhynchus tshawytscha), delta smelt (Hypomesus
transpacificus), and green sturgeon (Acipenser mediro-
stris). Other entries were long-established invasive species
in the SFE (e.g., Brazilian waterweed; Egeria densa) as
well as newly arrived invaders like the semi-aquatic rodent
Nutria (Myocastor coypus).

Targeted eDNA assays have been developed and tested
for a handful of key SFE species yet there remains untapped
potential for assay development for many additional organ-
isms. Of the 10 most frequently identified species of con-
cern for managers, all except Nutria have a published gPCR
assay, although most have not yet been tested in the context
of eDNA detection. Some of these qPCR assays were origi-
nally developed for analysis of fish gut contents (Baerwald
et al. 2011; Brandl et al. 2015) and might require further
optimization for eDNA use. Additionally, CRISPR-based
genetic detection assays for three morphologically similar
osmerids co-occurring in the SFE, including delta smelt,
have been created (Baerwald et al. 2020b). Environmental
DNA gPCR assay optimization, in the context of the estua-
rine environment of the SFE, has been reported for Chinook
salmon (Sanches and Schreier 2020). In addition, multiple
publications have described in situ eDNA detections of sev-
eral SFE species of concern, including green sturgeon in
SFE tributaries by qPCR (Bergman et al. 2016; Anderson
et al. 2018). Cyanobacteria, including toxic Microcystis spp.
and other aquatic microorganisms, have also been detected
in the SFE with qPCR assays validated for two Microcystis
genotypes (Kurobe et al. 2018). Based on the responses from
managers, we further identified the top 10 species of concern
that do not yet have assays (Table 2). The list represents
a broad cross section of taxa, including fish (N=3), birds
(N=2), plants (N=3), and mammals (N=2). These spe-
cies represent opportunities for researchers to develop and
expand eDNA resources to more fully address SFE monitor-
ing needs.
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Fig.2 Environmental DNA (eDNA) assay readiness for top twenty
species of interest in the San Francisco Estuary (SFE), as indicated
from a survey of managers. Species (rectangles) are grouped by inva-
sive and native and color-coded by broad taxonomic groupings. Line
styles represent the readiness of the assay in the context of the SFE.
Published assays (Baerwald et al. 2011; Smith et al. 2012; Brandl

Additional Applications for eDNA Methods
in the SFE

Environmental DNA monitoring is especially useful for
detection of rare and cryptic species of concern because
it is non-invasive and can be broadly applied in currently
under-sampled environments or when species are difficult
or intractable to survey (or even impossible if a take per-
mit is not available) with traditional methods (Renan et al.
2017; Mauvisseau et al. 2019). For example, eDNA from
the endangered semi-aquatic giant garter snake (Thamno-
phis gigas) was detected at sites in the SFE where trapping

Flora

et al. 2015; Fujiwara et al. 2016; Anderson et al. 2018; Kurobe et al.
2018; Sanches and Schreier 2020) are indicated with symbols (leg-
end in lower left). Note: the eDNA detection of green sturgeon (Aci-
penser medirostris) was in the Stanislaus River, a tributary of the San
Joaquin River that flows into the SFE

is logistically challenging and limited by low detection
probability (Schumer et al. 2019b). From a habitat per-
spective, many marshes and wetlands adjoining San Pablo
and Suisun Bays include extensive shallow regions that are
inaccessible by boat and are problematic for some sam-
pling gear (Fig. 1). Environmental DNA sampling, either
from shore, with drones, or potentially from a shallow-draft
boat, could expand monitoring capabilities in such areas.
Some SFE wetlands are undergoing managed restoration
to expand habitat and food resources for listed fishes, and
regular biodiversity monitoring with eDNA metabarcod-
ing in these areas could be implemented to help managers
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Table 2 High-priority SFE species that do not yet have a published targeted eDNA assay

Species name

Status

Species ecology summary

7

8

Nutria
(Myocastor coypus)

Sacramento blackfish (Orthodon
microlepidotus)

Salt marsh harvest mouse (Reithrodontomys

raviventris)

Tule perch
(Hysterocarpus traskii)

Alligator weed (Alternanthera philoxeroides)

Common reed (Phragmites australis)

Ridgway’s rail (Rallus obsoletus)

Sacramento perch (Archoplites interruptus)

Invasive

Native; Least concern

Native; CA State and Federally Endangered

Native; 2 subspecies are CA Fish Species

of Special Concern

Invasive

Uncertain

Native; CA State and Federally Endangered

Native

Aquatic rodent introduced to California that
burrows into levees and cause extensive
damage to plants in wetlands

https://wildlife.ca.gov/Conservation/Invasives/
Species/Nutria/Infestation

Native to Sacramento and San Joaquin
drainages. Has shown adaptability to water
of higher temperature and salinity

https://calfish.ucdavis.edu/species/?uid=80&
ds=241

Found in the San Francisco, San Pablo, and
Suisun Bays, this rodent has lost much of its
historic habitat. It prefers pickleweed saline
emergent wetlands

https://nrm.dfg.ca.gov/FileHandler.ashx?
DocumentID=2497

Three subspecies exist: H. . pomo and H. t.
lagunae are fish species of concern, and
H. t. traskii, which can be found in low-
elevation lakes, streams, and estuaries. They
are schooling fish known for giving live
birth to their young

https://calfish.ucdavis.edu/species/?uid=138&
ds=698

South American plant that was first found in
Northern California in 2017 and has now
been found in several locations in the SFE.
It can tolerate a range of environmental
conditions, making it a highly successful
invader

https://www.cal-ipc.org/plants/profile/
alternanthera-philoxeroides-profile/

Genetic studies have found that there are
several origins to the common reed: a native
lineage, an uncertain lineage whose origin
is unknown, and the European lineage. It is
unknown what is the origin of common reed
found in California. It is found in numerous
habitats including wetlands, marshes, river
edges, lake shores, and ditches

https://www.cal-ipc.org/plants/profile/
phragmites-australis-profile/

Formerly called the California Clapper
Rail. Prefers marshes with pickleweed and
cordgrass. They are hard to see in the dense
vegetation they roost in
https://ecos.fws.gov/ecp/species/4240

Rare fish that can survive in areas with higher
turbidities, salinities, and temperatures.
They prefer habitat where other centrarchids
are not present. Usually found near the
bottom of inshore regions

https://calfish.ucdavis.edu/species/?uid=81&
ds=241
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Table 2 (continued)

Species name Status

Species ecology summary

9 Sandhill crane
(Grus canadensis)

Native

10 Water primrose Invasive

(Ludwigia spp.)

Two subspecies occur in California: the
greater (G. c. tabida) and the lesser (G. c.
canadensis). Both subspecies winter in the
Sacramento and San Joaquin Valleys in
grasslands, harvested rice and corn fields,
and emergent wetlands

https://nrm.dfg.ca.gov/FileHandler.ashx?
DocumentID=3521

Several species are found in California
including L. peploides and L. hexapetala.
It forms large mats on the surface and
has quickly spread around California into
reservoirs, rice fields, ponds, and slow-
moving streams
https://www.cal-ipc.org/plants/profile/ludwigia-
hexapetala-profile/ https://www.cal-ipc.org/
plants/profile/ludwigia-peploides-profile/

evaluate restoration success where few other monitoring
methods are available.

Environmental DNA monitoring could also enable
early detection of invasive species and track emerging ani-
mal diseases in the SFE. The Quagga mussel (Dreissena
bugensis) and Zebra mussel (Dreissena polymorpha) are
invasive mollusks found in some parts of California but
have not yet been detected in the SFE (https://wildlife.ca.
gov/Conservation/Invasives/Quagga-Mussels). Methods for
gPCR-based eDNA detection of Zebra and Quagga mussels
have been tested in other systems and are well validated
(Sepulveda et al. 2020b). In freshwater waterways feeding
into the SFE, qPCR-based eDNA detection has been dem-
onstrated for multiple imperiled freshwater mussels (Ano-
donta spp., Gonidea angulata, and Margaritifera falcata)
(Preece et al. 2020). One potential application for this or
similar methods is detection of snake fungal disease caused
by the fungus Ophidiomyces ophiodiicola, which has been
increasing on the eastern USA (Lorch et al. 2016) and was
detected in California in 2019 (California Department of
Fish and Wildlife 2019).

Assemblage-level monitoring could be improved and
expanded by using eDNA metabarcoding in the SFE. Cur-
rent monitoring programs provide some information on fish
assemblages, but there are inherent limitations from sam-
pling gear that targets limited size classes and habitats, as
well as general bias towards pelagic sampling in the SFE
(Stompe et al. 2020). For more comprehensive SFE moni-
toring, it has been recommended that surveys should assess
not only listed native fishes, but also full assemblages that
include listed and unlisted native, as well as non-native,
fishes (Dahm et al. 2019). Environmental DNA metabar-
coding can potentially detect not only full fish assemblages,
but also phytoplankton (including toxic Microcystis spp.),

other bacteria of concern such as Enterococcus, zooplank-
ton (Jungbluth et al. 2021), epibenthic crustaceans, bivalves,
and aquatic vegetation such as the invasive water primrose
Ludwigia. Some methodological testing and optimization
(for example, determining primer sets that could efficiently
detect organisms to the required taxonomic level) would be
needed to apply this robustly for SFE management purposes,
but there are published methods that provide a path forward
for such “Tree of Life” ecosystem biomonitoring (Stat et al.
2017). For example, the California Environmental DNA
(CALeDNA) project is large-scale, taxonomically broad bio-
diversity monitoring program that uses eDNA metabarcod-
ing to detect microbes, fungi, plants, and animals across the
state of California from soil and sediment samples (Meyer
et al. 2021). Programs such as this, providing eDNA results
as open data, can help show which substrates and molecular
markers have been successfully used to detect target taxa
and could inform how to efficiently implement eDNA meta-
barcoding biomonitoring in the SFE. Potential management
questions that could benefit from eDNA-based sampling are
detailed in Table 3.

General Recommendations for Conducting eDNA
Studies in an Estuary

Based on the list of high-priority SFE species, studies on
eDNA sampling protocol optimization can guide managers
on how to begin sampling for these species and incorporat-
ing eDNA data into more routine monitoring. Researchers
should work to quantify the impact of estuary conditions,
like higher turbidity and variable salinity, on eDNA ecol-
ogy and its detection efficiency. Species that prefer environ-
ments with higher turbidity, like the federally endangered
delta smelt, may be more challenging to detect using eDNA
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Table 3 Potential management questions that could benefit from eDNA-based sampling

Management questions

How eDNA sampling can help

1 Where is this endangered species occurring? Where is this hard-to-

find species of interest occurring? Does site use change seasonally?

Sampling for eDNA offers increased sensitivity for rare and protected
species that may be present in low numbers or are even just hard
to detect with traditional survey methods. Environmental DNA
sampling can be used in conjunction with other survey methods
(seines, trawls, electrofishing, rotary screw traps, fyke traps) and
can be carried out at sites where traditional surveys are difficult to
use. Sampling plans can vary over space and time to help better
understand when and where a species is found

2 How has community composition changed after this habitat has been Environmental DNA samples can be analyzed using metabarcoding

restored? Has this habitat restoration been effective to support
species of interest?

3 Is this invasive species present in the watershed? Could a harmful
algal bloom (HAB) occur?

4 Do I need to carry out monitoring at this site?

5 Could the species of interest be infected? Where is this pathogen
occurring?

to look at community composition before and after a restoration,
providing a community wide snapshot of presence. This can be
carried out in conjunction with other community survey methods
(seines, trawls, electrofishing, rotary screw traps, fyke traps)

Due to its sensitivity and ability to detect species at low
concentrations, eDNA sampling can be used for early warning
monitoring for new invasive species and nuisance species

Environmental DNA sampling can be used as an initial step to
determine if monitoring or further analysis that is more time
intensive is necessary. This preliminary sampling can increase
efficiency and save time and resources

Environmental DNA sampling can be used for pathogen screening,
which could affect management actions. In addition to catching
and inspecting a species, eDNA sampling could inform whether a
pathogen is currently in the system

due to particulate matter clogging filters (Egeter et al.
2018). Additional studies integrating hydrodynamic mod-
els, especially in tidal environments, will increase under-
standing of the impact of sampling location on detection
probability and help determine whether near shore sampling
is sufficient or if mid channel sampling from a boat is nec-
essary. Finally, investment to build more local taxonomic
knowledge and species-specific DNA reference libraries
(e.g., https://research.nhm.org/disco/), especially for non-
fish species of concern, will provide a foundation for new
single-species assays and more accurate and comprehensive
identification of sampled eDNA with metabarcoding.
Methods for eDNA detection that have been well vali-
dated in one habitat might require protocol adjustment for
different habitats (e.g., estuaries) (Mize et al. 2019; Bedwell
and Goldberg 2020). This is especially important for eDNA
sampling in shallow wetlands, where it can be difficult to
sample from marshy shores and the sampling can stir up
sediment. Wetland-specific methodological adaptations, for
example additional water pre-filtration steps or an adjust-
ment in filter pore size, might be needed based on conditions
like turbidity (Goldberg et al. 2018; Takasaki et al. 2021) or
optimization of DNA purification protocols to release DNA
bound to suspended particles (Lever et al. 2015). In addi-
tion, the unique environmental conditions in wetlands may
alter eDNA dynamics and detections compared to other sys-
tems. For example, the low UV-B penetration below 50 cm
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in wetlands with high dissolved organic carbon (Arts et al.
2000) might slow UV-mediated eDNA degradation. In
addition, both acidity (Seymour et al. 2018) and microbial
activities (Shogren et al. 2018) accelerate eDNA degradation
and are likely important factors for degradation of estuarine
eDNA.

Recommendations for Enhancing
Collaboration Between eDNA Scientists
and Natural Resource Managers

Each step of eDNA collection, detection, and interpreta-
tion presents opportunities for increased communication,
transparency, and collaboration between eDNA scientists
and natural resource managers. Here, we put forward guid-
ance based on a round table discussion between co-authors
— which included representatives from both fields. Pub-
lished templates for the types of collaborations we focus on
here, describing approaches termed “translational ecology”
(Enquist et al. 2017) and “adaptive management” (Gregory
et al. 2006), among others, will help expand upon this guid-
ance and provide additional context.

The first step for implementing eDNA methods for man-
agement purposes is to identify the research questions that
eDNA data can address. Framing potential eDNA data in
the context of existing methods and data is essential, and
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eDNA study design should consider the relative strengths
and advantages of different methods and combine them cohe-
sively with eDNA methods when possible. Table 3 provides
potential research questions of general relevance to managers
that eDNA data can answer. For example: where is an endan-
gered species or species of management interest occurring?
How has community composition changed after habitat resto-
ration? Is an invasive species present in a specific watershed?
Along with others listed in Table 3, these general research
questions can also be expanded upon and customized for spe-
cific management needs. For example, for managers monitor-
ing the specific location of the invasion front for an invasive
species, and deciding if expensive eradication efforts are

warranted, joint modeling of eDNA and traditional survey
data can increase the precision of species density estimates
at the leading edge of invasion (Keller et al. 2022). In some
cases, combining eDNA and other methods (e.g., trapping)
might be the optimal approach; in others, eDNA data could
be useful as an initial step to determine if traditional monitor-
ing is needed (Table 3). Alternatively, when eDNA methods
have significant logistical advantages or are much less costly
than traditional monitoring, an eDNA-alone approach might
be justified.

After identification of the research question and the
relevance of eDNA methods for answering it, we recom-
mend that eDNA scientists include managers in all steps
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i pleme _tat 0 Laboratory Work Field Work aia aysis a e Management Decision
Question Planning Interpretation
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Fig.3 Environmental DNA (eDNA) workflow and opportunities for
enhancing communication between eDNA scientists and managers.
The top shows two major cycles in the workflow: a development and
a deployment cycle. The text at the bottom provides recommenda-

tions for each step in the workflow to increase communication and
build confidence in the application of eDNA methods to meet man-
agement needs
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of planning and implementing eDNA methods. These steps
include study conceptualization, determination of what con-
stitutes a positive detection, and what actions will be taken
for positive or negative detections, field work, laboratory
work, data analysis, and interpretation (Fig. 3). To promote
communication, we recommend holding regular meetings
between eDNA scientists and managers when feasible. To
facilitate these meetings and enhance communication in
general, one person could be designated as a liaison who
would be accountable for maintaining consistent commu-
nication through updates and meetings. A major goal of
these meetings is to build trust; it is important to set realistic
expectations about what data eDNA methods can provide.
This communication can also be very important when the
stakes of the outcome are high. In such cases, creating a
clear and coordinated plan for how and when results are
communicated to the media and public can also increase
trust in the process (e.g., Abbott et al. 2021). Such methods
are employed in the use of eDNA detections of Asian carp in
the North American Great Lakes (Jerde 2019). Environmen-
tal DNA assay validation scales, such as those suggested by
Thalinger et al. (2021), provide one objective framework
to judge assay readiness. Additionally, for commonly used
single-species assays, cross-laboratory comparisons could
help with understanding repeatability, reproducibility, and
accuracy of quantification (Sepulveda et al. 2020b). For
metabarcoding, bioinformatics methods have the potential to
be a “black box” where the details of data analysis pipelines
are less accessible to non-specialists, while the bioinformat-
ics personnel may not have the expertise to determine when
an apparent detection is questionable and requires additional
review. Collaborations and discussions about interpretation
of taxonomic assignments for DNA sequences from meta-
barcoding data would therefore assist in building consen-
sus. More generally, the creation of a regional eDNA sci-
ence advisory panel (for example, for the SFE), composed
of outside experts, could advance the application of eDNA
methods by acting as a sounding board for ideas and provid-
ing recommendations. Finally, all eDNA detection studies
should be conducted using an open data framework to ensure
transparency and reproducibility (Baerwald et al. 2020a;
Goldberg et al. 2016).

Conclusions

How can eDNA data be used for management decisions in
estuaries? There is now a consensus that eDNA methods are
reliable to determine presence/non-detection and are espe-
cially useful for rare and invasive species that are hard to
detect with traditional methods (Pfleger et al. 2016). Because
eDNA methods involve indirect detection, there are some
limitations that are important to keep in mind. Some of the
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most important considerations are (1) eDNA does not give
direct information about organism size or absolute abun-
dance; (2) detections have some spatial and temporal ambi-
guity; (3) demographic data such as age and life stage cannot
be determined at this time; and (4) assays developed in one
natural system may not work in others because of differences
in biodiversity, chemical inhibitors, and hydrogeochemical
differences, and thus require pilot testing. For metabarcoding
studies, ambiguous or incomplete sequence data can limit
species-level identification. With these caveats in mind, it is
notable that well-validated eDNA methods are reliable and
meet the standards for scientific evidence in some US courts
(Sepulveda et al. 2020c). For some applications, such as esti-
mating species richness or delimiting the spatial extent of a
species or community, EDNA may outperform conventional
approaches in a cost effective way (Evans et al. 2017). When
possible, eDNA data should be benchmarked to traditional
methods, but they are fundamentally different methods with
divergent pros and cons and should not be expected to mir-
ror one another exactly, just as different traditional surveys
and gears are not perfectly congruent (Shelton et al. 2019).

Several reviews have addressed application of eDNA
methods specifically to fisheries management (Hansen
et al. 2018; Jerde 2019). Like all sampling methods, eDNA
is subject to potential errors. Imprecision in spatiotempo-
ral inference, for example detecting eDNA that has been
transported away from its origin, is one source of error.
Models that incorporate data on eDNA particle state with
hydrology provide a potential solution (Pont et al. 2018;
Carraro et al. 2020), although more work is needed in estu-
aries. Additional species-specific information on shedding
rates based on life cycle and habitat-specific studies of
eDNA particle state, transport, and degradation will lay
the foundation for greater integration of eDNA data into
management decisions. Experiments to determine the
relationship between eDNA concentration, biomass, and
abundance should also be prioritized for species where this
information is needed for management. For invasive spe-
cies, there might be additional considerations for reporting
data and for how managers can interpret putative positive
eDNA detections (Jerde 2019; Sepulveda et al. 2020c).
Since a positive detection might have wide-reaching con-
sequences, one option is to use a Management (or Deci-
sion) Support Tree (Sepulveda et al. 2020c; Welsh et al.
2020; Abbott et al. 2021). This approach (1) evaluates
the likelihood that a target organism could be present in
the system based on local environmental information; (2)
evaluates the strength of the eDNA evidence; (3) assigns
a detection level (e.g., 1 weakest—4 strongest) to positive
detections; and (4) recommends specific actions based on
detection level.

Finally, eDNA data are already being incorporated into
management decision making. For example, the European
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Union is currently using eDNA for indicator and invasive
species (Andersen et al. 2016). In the US Midwest, the
US Fish and Wildlife Service leads an eDNA surveillance
program to detect invasive Asian carp that has collected
over 30,000 water samples (https://www.fws.gov/midwest/
Fisheries/eDNA.html). Their program has created a stand-
ard operating protocol (SOP) for disseminating eDNA data
(https://www.fws.gov/midwest/Fisheries/eDNA/documents/
SOP-eDNA-Results.pdf) that provides a model for other
agencies considering eDNA for early detection of invasive
species. With advancements and standardization in method-
ology, broad understanding of strengths and limitations, and
enhanced communication, eDNA monitoring and biodiver-
sity data will increasingly support management decisions in
estuaries and beyond.

Supplementary information The online version contains supplemen-
tary material available at https://doi.org/10.1007/s12237-022-01080-y.
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